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Ribozymes are catalytically competent examples of highly struc-
tured noncoding RNAs, which are ubiquitous in the processing and
regulation of genetic information. Combining explicit-solvent mo-
lecular dynamics simulation and single molecule fluorescence spec-
troscopy approaches, we find that a ribozyme from a subviral plant
pathogen exhibits a coupled hydrogen bonding network that
communicates dynamic structural rearrangements throughout the
catalytic core in response to site-specific chemical modification.
Trapped long-residency water molecules are critical for this net-
work and only occasionally exchange with bulk solvent as they
pass through a breathing interdomain base stack. These highly
structured water molecules line up in a string that may potentially
also be involved in specific base catalysis. Our observations sug-
gest important, still underappreciated roles for specifically bound
water molecules in the structural dynamics and function of non-
coding RNAs.

coupled molecular motions � hairpin ribozyme � molecular dynamics �
proton wire � specific base catalysis

Water is the universal solvent that supports all known forms
of life. It is known to bind and stabilize the native

structures of biopolymers such as RNA (1–10), but its precise
role(s) in RNA function remain poorly understood. Highly
structured noncoding (nc)RNAs, some endowed with catalytic
functionality, have recently been recognized to outnumber pro-
tein-coding RNAs several-fold and to be of central importance
in the processing and regulation of genetic information (11–13).
Few techniques exist that can possibly provide insight into the
intricate role(s) that water molecules play in the structure–
function relationships of this important class of biopolymers. We
here have applied a combination of explicit-solvent molecular
dynamics (MD) and single-molecule FRET (smFRET) ap-
proaches to reveal support for two distinct roles for water
molecules in the function of a particularly compact catalytic
ncRNA, the hairpin ribozyme, derived from a subviral plant
pathogen (12).

As is common for ncRNAs, the hairpin ribozyme relies on
specific hydrogen bonding and base stacking to form an intricate
tertiary structure with a solvent protected core (14). An inter-
domain G�1:C25 Watson–Crick base pair reinforced by a
G�1:A38 stacking interaction, a 4-nt ribose zipper, and a
specific hydrogen bonding pocket for an extruded U42 mediate
docking of its domains A and B (Fig. 1a). smFRET studies have
revealed the dynamic nature of these docking interactions
(15–18), in which distal functional group modifications often
significantly accelerate undocking. The latter observation led to
the hypothesis that coupled molecular motions interconnect
distal segments of the RNA (17). We here have confirmed this
view by tracking the underlying hydrogen bonding network and
finding that single water molecules trapped in the solvent
protected catalytic core are integral components of this network.

Despite intense efforts, the catalytic mechanism of the hairpin
ribozyme is still ill-understood. Functional groups of the RNA,
rather than metal cofactors, have been proposed to catalyze

site-specific backbone phosphodiester transfer (12, 14, 19, 20).
Crystal structures (14, 19) have found the imino group of G8
within hydrogen bonding distance of the 2�-hydroxyl (2�-OH) of
A-1, which needs to be deprotonated in the initial base catalysis
step (12, 14). However, only non-physiologically high pH would
deprotonate the G8 imino group to act as a general base;
therefore, alternative proposals have been developed where G8
either acts via a tautomeric intermediate (21) or stabilizes the
transition state by electrostatics (22) and�or hydrogen bonding
(9, 19). Our MD simulations suggest that specific base catalysis
by pKa-shifted single water molecules trapped in the catalytic
core must also be considered a plausible catalytic strategy
for RNA.

Results
Supporting Information. For further details, see Figs. 4–17, Tables
1–5, and Supporting Text, which are published as supporting
information on the PNAS web site.

Structural Dynamics from Explicit-Solvent Molecular Dynamics Simu-
lations. We have performed altogether 12 (accumulative: �150
ns) explicit-solvent, charge-neutralized MD simulations (Table
1; with and without six crystallographically placed Mg2� ions) on
a truncated form of the 2.4-Å resolution precatalytic hairpin
ribozyme crystal structure (Fig. 1a), using our well established
protocols (5, 8, 23–25). We separately introduced two single-
functional group modifications, 2�-deoxy-A38 (dA38) and 2�-
deoxy-G11 (dG11), and two single-nucleotide mutations, G�1A
and U42C, to closely mimic the variants used in our smFRET
experiments that show the most significant acceleration of
undocking (16, 17) (Fig. 1a). Fig. 4b illustrates the generally good
agreement between the per-nucleotide rmsd over 10 ns of MD
simulation and the B (‘‘temperature’’) factors of the two avail-
able crystal structures (7, 14), suggesting that our MD simula-
tions realistically represent structural dynamics in the hairpin
ribozyme.

Structural Communication Through a Long-Range Hydrogen Bonding
Network Involving Water Molecules. Cross-correlation matrices of
motions in different solute segments over an MD simulation
provide insight into coupled (correlated or anticorrelated) mo-
tions and assess differences between mutant MD simulations
(26). Our simulations show marked differences in cross-
correlations that correspond well with our smFRET data (Figs.
1b and 4c). Most strikingly, the dA38 variant loses the WT
correlation of U42 with domain A motions, indicating the loss of
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the interdomain portion of the U42 binding pocket, whereas
U42’s correlated motions with domain B are strengthened; dA38
also loses correlated motions in the ribose zipper. This finding
indicates severe impairment of docking interactions in dA38, in
accord with the experimentally observed 65-fold accelerated
undocking (17). The dG11 variant shows more subtle changes,
including expanded correlated motions in the ribose zipper and
G�1:A38 stack combined with weakened G�1:C25 correlations
(Fig. 1b). This finding corresponds well with the moderately
(�12-fold) accelerated undocking (16). Finally, the G�1A and
U42C mutants show substantially and moderately diminished
correlated motions, respectively (Figs. 8a and 9a), paralleling
their experimentally observed undocking accelerations (16, 17).

Upon closer inspection, all four WT simulations (total: 60 ns,
Table 1) maintain all interdomain hydrogen bonds in the cata-
lytic core (Fig. 1c) and stay close to the starting structure (Figs.
1f, 7, 10, and 11). The G�1:A38 stack [tracked as
G�1(N2):A38(N6)] in simulation WT-Mg-1 opens to �6 Å after
400 ps but closes again by 10 ns, indicating ‘‘breathing’’ dynamics
(Fig. 1c). The other core stacking interaction, between A-1 and
G8 [tracked as A-1(N3):G8(N1), Fig. 1c], remains intact. By
contrast, the two dA38 simulations lose within a few ns key U42

hydrogen bonds (Figs. 1d and 12b) as the U42 Watson–Crick face
rotates 180° away from domain A (Figs. 1g and 12c), resulting in
the lost U42 cross-correlations of Fig. 1b. Remarkably, the lost
U42 hydrogen bonds are far away (�11 Å) from the 2�-deoxy-
A38 modification. The shortest connection between 2�-deoxy-
A38 and U42(O4) is through 11 covalent and four hydrogen
bonds, involving several buried water molecules in the catalytic
core (Fig. 1i). These observations suggest that a long-range
network of directional noncovalent and covalent bonds exists
that involves critically located water molecules and effects
correlated molecular motions and structural communication
throughout the catalytic core. This finding contrasts the dynam-
ics of globular proteins, which are typically dominated by non-
directional hydrophobic interactions (27).

The notion of a long-range hydrogen bonding network is
further supported by the dG11 modification, which eliminates
the G11(O2�):A24(O2�) hydrogen bond and partially disrupts
the ribose zipper. In our two MD simulations of this variant, the
local structure adjusts to reinforce the G11(N2):A24(N1) hy-
drogen bond instead (Figs. 1e and 13). This compensatory
structural rearrangement explains the expanded cross-
correlation of the ribose zipper in Fig. 1b. However, this finding

Fig. 1. MD simulations of the hairpin ribozyme. (a) Secondary and tertiary structure of the simulated docked WT hairpin ribozyme (orange, substrate) (14);
gray segments were present in our smFRET experiments but omitted in MD. Solid horizontal lines represent Watson–Crick base pairs. Specific hydrogen bond
interactions are annotated with circles (Watson–Crick), squares (Hoogsteen), and triangles (sugar edge), either filled (cis-interaction) or open (trans). Dashed
lines, single hydrogen bonds; dashed bent arrows, backbone turns; orange arrow, cleavage site. (b) Specific cross-correlation analyses for the interdomain
interactions by nucleotide of the first 10 ns of three representative MD simulations (WT-Mg-1, dA38-Mg, and dG11-Mg). The scale is shown at right. (c–e) Specific
(hydrogen bonding) distance density plots over the first 10 ns of MD simulations WT-Mg-1 (c), dA38-Mg (d), and dG11-Mg (e); the color scale is shown at right.
At defined times (cyan lines; WT-Mg-1, 9.9–10 ns; dA38-Mg, 9.0–9.1 ns; dG11-Mg, 9.9–10 ns), snapshots of key nucleotides averaged over each 100 ps were laid
(in color) over the WT crystal structure (silver) for simulations WT-Mg-1 ( f), dA38-Mg (g), and dG11-Mg (h), as indicated; crystal structure hydrogen bonds that
are maintained until the end of the simulation are in green, and hydrogen bonds lost during the simulation are in red. (i) Three typical paths through covalent
and hydrogen bonds (blue and green, respectively) or only covalent bonds (red), indicating that the shortest connection between the communicating A38(O2�)
and U42(O4) is across a hydrogen bonding network involving water molecules trapped in the catalytic core.
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weakens the G�1:C25 base pair, as indicated by a diminished
cross-correlation and a decrease in occupancy of a strong (�3 Å)
G�1(N3):C25(N1) hydrogen bond from 74.6% in the WT to
50.5% in one of the dG11 simulations (Figs. 1 c and e). This
weakening, in turn, allows G�1 to become more cross-
correlated with A38 (Fig. 1b). Again, a single functional group
modification leads to correlated structural rearrangements
throughout the catalytic core, most plausibly mediated by the
hydrogen bonding network described above. Similarly, the
G�1A mutation disrupts the central interdomain G�1:C25 base
pair (Fig. 1a). In both G�1A simulations, all interdomain
contacts are lost within 2 ns as A�1 turns its Watson–Crick face
away from C25 (although some compensatory interactions form,
Figs. 8 and 14). Finally, the U42C mutant, expected to disrupt
three hydrogen bonds in the U42 binding pocket, shows only
moderate structural changes. In both simulations of this variant,
C42 retains a hydrogen bond with A22(N6), whereas the occu-
pancy of its hydrogen bond with A23 is reduced and the
hydrogen bond with G11(N2) is entirely lost (Figs. 9 and 15).

Quantitative Agreement Between MD Simulations and smFRET Exper-
iments. To quantify the structural rearrangements upon local
modification, we inventoried the direct RNA-RNA interdomain
hydrogen bonds after 10-ns simulation (Supporting Text). The
WT simulations lose an average of only 0.05 interdomain
hydrogen bonds relative to the equilibrated crystal structure,
whereas the ribozyme variants lose 1.01–4.03 hydrogen bonds.
Significantly, we find a linear relationship (correlation coeffi-
cient r � 0.98) between this loss of hydrogen bonds and the loss
of docking free energy relative to the WT (��Gdock), derived
from our smFRET experiments (Fig. 5). The linear slope
predicts a free energy of 2.4 � 0.3 kcal�mol per lost interdomain
hydrogen bond, in reasonable agreement with experimental

measurements of 0.5 to 2.2 kcal�(mol hydrogen bond) in RNA
(28, 29). These observations imply that 10-ns MD simulations
starting from the docked crystal structure provide plausible
models for the structures probed in docking experiments.

Long-Residency Water Molecules Occupy the Interdomain Cavity. The
catalytic core of the WT crystal structure contains a 350-Å3

interdomain cavity (see Supporting Text). Our simulations were
initiated from the crystal structure without water molecules in
the cavity (14). Early in our WT MD simulations, five to seven
water molecules enter the cavity (Figs. 2 a and b and 16a), which
has a fluctuating volume of 390 � 210 Å3. The water molecules
arrange as an interconnected string with up to 16 total hydrogen
bonds with each other and RNA functional groups (Fig. 2b),
thereby forming a key component of the coupled hydrogen
bonding network in the catalytic core (Fig. 1i). The site-specific
modifications reduce the interdomain cavity size and the number
of intracavity water molecules. For example, dA38 harbors two
water molecules in a cavity of 120 � 70 Å3 (Fig. 2c), whereas
dG11 retains three in a 180 � 110 Å3 cavity (Fig. 2d). Two
hydration sites are occupied in all WT and variant simulations in
Mg2� and establish water bridges connecting G�1(N2) and
A38(N6) with A9(N1) and A10(N1), respectively (Figs. 2b and
16). Additional locations are less frequently occupied in other
simulations (Figs. 2 and 16). Hydrated sites stay occupied by the
same trapped water molecule for 0.5–8.5 ns [as opposed to
waters bound to the outside of RNA, which typically localize for
only 0.05–0.5 ns (5, 24)], with only occasional interchange of
intracavity waters (Fig. 2a) and total intracavity residence times
of 4.1–29.4 ns. Notably, the locations of long-residency water
molecules observed here for the WT are independently con-
firmed by electron densities from recent high-resolution x-ray
diffraction studies (7) (Fig. 17).

Fig. 2. Select water molecules enter the catalytic core cavity. (a) Distances of specific water molecules to functional groups on G�1 for all WT simulations and
simulations of several ribozyme variants, as indicated. Vertical cyan lines indicate times from which snapshots for b–d were taken. The asterisk and arrow mark
the same water molecules as in b and Fig. 3 a and b. (b) Averaged snapshot (7.9–8.0 ns) of simulation WT-Mg-1, with the hydrogen bonding network of the seven
intracavity water molecules indicated in green. The asterisk and arrow mark the analogous water molecules as in Fig. 3 a and b. (c) Averaged snapshot (9.0–9.1
ns) of simulation dA38-Mg. (d) Averaged snapshot (9.9–10.0 ns) of simulation dG11-Mg. (e) A water molecule from bulk solvent enters the catalytic core as the
G�1:A38 stack opens in a gate-like fashion. ( f) Number of hydrogen bonds observed for a water molecule before and after it enters the catalytic core, averaged
over all 14 water molecules that enter through the G�1:A38 in simulations WT-Mg-1 and WT-Mg-2.
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Biochemical (30) and crystallographic experiments (7, 14)
suggest that the catalytic core of the hairpin ribozyme is solvent-
protected. Fourteen of the 16 water molecules that enter the
catalytic core during our two Mg2�-containing WT simulations
exploit the stochastically breathing G�1:A38 stacking interac-
tion as an entry gate that opens just wide enough to let a single
water molecule pass; this and the limited cavity size appear to
discriminate against larger water clusters (Fig. 2e). While passing
between the hydrophobic, planar G�1 and A38 purine rings,
single water molecules temporarily enter a state devoid of any
hydrogen bonds (Fig. 2 e and f ), analogous to the vapor-like state
water is proposed to adopt during the hydrophobic collapse of a
folding protein (31). We also observe six water molecules exiting
the core by the same route and mechanism (Fig. 17), suggesting
that the intracavity water slowly exchanges with bulk solvent.

The Catalytic Core Is Protected from Cations. Despite the fact that the
catalytic core is characterized by a highly negative electrostatic
surface potential (ESP; the minimum is 	51 kT�e), not a single
metal cation enters the catalytic core cavity in any of our MD
simulations (except for the G�1A mutant simulations, where the
core opens to solvent; Table 1). A control 30-ns WT simulation with
a Na� cation initially placed within the cavity found that the cation
moved toward the G�1:A38 gate but did not exit the cavity. Thus,
we cannot rule out the possibility that a partly desolvated metal ion
may occasionally get caught in the cavity, but an exchange of ions
between core and bulk is likely not a frequent event (see Supporting
Text). The protected catalytic core of the hairpin ribozyme thus
strikingly contrasts with the rather open catalytic pocket of the
hepatitis delta virus (HDV) ribozyme, which also has a highly
negative ESP (minimum approximately 	63 kT�e) and is occupied
by either one divalent or two monovalent cations (10). Whereas the
HDV ribozyme attracts these catalytic cations for potential partic-
ipation in reaction chemistry (10), the hairpin ribozyme blocks
cation access, exposing the trapped long-residency water molecules
and proximal bases to the uncompensated negative ESP.

Trapped Intracavity Water Molecules Hydrogen Bond to the Catalyt-
ically Involved 2�-Hydroxyl Nucleophile. In our MD simulations,
water molecules reside as an interconnected string within the
catalytic core for many nanoseconds (Fig. 2). A hydrogen bond
forms between a central one of these intracavity water molecules
and the 2�-OH of A-1 (asterisks in Figs. 2b and 3) that acts as a
nucleophile in the catalyzed backbone cleavage reaction. The
water molecule is trapped near a highly negative ESP in the
metal-cation-free core of the hairpin ribozyme (Fig. 3b). In all
of our WT simulations, conformational relaxation of the A-1
sugar pucker from 2�-endo to the thermodynamically more
stable 2�-exo conformation coincides with hydrogen bond for-
mation (Fig. 3c and supporting information). This conforma-
tional change may be related to the fact that the catalysis-
blocking methyl group, which caps the 2�-oxygen in the crystal
structure, is removed in our A-1(2�-OH) carrying simulations.
The same conformational relaxation has recently been observed
in crystallographic studies that introduced the 2�-OH into A-1
(7). Notably, several other 2�-endo sugar puckers in the RNA do
not change to the 2�-exo conformation during our simulations,
whereas others repeatedly interconvert between both, suggesting
that the directional conformational change observed for the A-1
ribose in all WT simulations is significant (supporting informa-
tion). Upon interconversion, A-1(O2�) switches from accepting
a hydrogen bond from G8(N1) in the crystal structure to
accepting it from A9(N6) or, in some simulations, alternately
A9(N6) and A10(N6) (Fig. 3a). These rearrangements initially
decrease the nucleophilic in-line attack angle (IAA) for phos-
phodiester transfer [A-1(2�O)-G�1(P)-G�1(5�O)], which is
thought to be optimal at 180° and observed to be between 136°
and 158° in the crystal structures (7, 14, 19) (Fig. 3b). Although

the A-1 sugar pucker never reverses to the unfavorable 2�-endo
conformation, the IAA returns from �70° to an average of 115 �
12° in three of our four WT simulations (Fig. 3c). Notably, this
IAA is fully compatible with the hydrogen bond of 2�-OH to the
central intracavity water molecule.

Discussion
We find here that the catalytic core of the hairpin ribozyme, a
highly structured ncRNA, is characterized by a coupled hydro-
gen bonding network involving several long-residency water
molecules. This network is the basis for correlated motions
amplifying local chemical modifications into structural rear-
rangements throughout the catalytic core. Single water mole-
cules briefly enter a state devoid of hydrogen bonds as they
stochastically exchange between catalytic core and bulk solvent
through a breathing purine stack and condense into a string of
water molecules, which resembles the classic ‘‘proton wire’’
observed in protein enzymes (32). Such a wire is thought
particularly suitable to conduct protons, because the initial
proton transfer can occur at neutral pH in under 150 fs (33) and
is followed by Grotthuss-type proton transfer to other water
molecules within 30 fs (34, 35). By accepting a hydrogen bond
from the 2�-OH of A-1, a central intracavity water molecule is
in a perfect position to abstract and rapidly shuttle away the
proton that triggers catalysis. This water molecule is trapped in
a highly negatively charged pocket in the metal-cation-free core
of the hairpin ribozyme (Fig. 3b), where its pKa could potentially
be shifted to bring it closer to the pKa of the 2�-OH (�13) than
any functional group nearby. A recent MD simulation indicates
that a hydrogen bond between A-1(O2�) and an intracavity water
molecule is also formed in a transition state mimic of the hairpin
ribozyme (9). Water molecules trapped in the catalytic core must
therefore be considered strong potential candidates for specific
base catalysis. Such a mechanism would identify the base re-
sponsible for initiating catalysis and be complementary to mod-
els asserting an important role for transition state stabilization
by G8 through electrostatics (22) and�or hydrogen bonding (19).
It would also explain why the hairpin ribozyme, when frozen at
�	10°C, retains residual specific activity even in the absence of
the substrate-binding strand containing G8 (36) and why inosine,
which lacks only the exocyclic amino group of guanine, strongly
impairs hairpin ribozyme activity when substituted into the �1
position (37). Inosine still fulfills the essential role of Watson–
Crick base pairing with C25 (Fig. 1a) but no longer supplies the
structural G�1(N2) anchor for the proton wire (Fig. 2).

In summary, our studies support the notion that site-
specifically bound water molecules endow certain highly
structured ncRNAs with a diversified structural and catalytic
repertoire. More specifically, the hairpin ribozyme is an example
of an ncRNA that tightly folds around an interdomain, solvent-
protected cavity, trapping water molecules as integral compo-
nents of the RNA fold. Solvent-protected RNA domains are
frequently observed in highly structured ncRNAs, suggesting
that water capture for integration into RNA structure and
function may be a common principle. Our results suggest an
important role for trapped water molecules in the structural
communication afforded by coupled molecular motions
throughout the folded core of an ncRNA. This role is facilitated
by the many functional groups in RNA which can form strong
hydrogen bonds with water; this may represent a fundamental
distinction from proteins, where hydrophobic van der Waals
interactions often completely exclude water molecules from a
folded core (27, 31). Our work helps establish explicit-solvent
MD simulations as a powerful tool to track the hydrogen bonding
networks underlying long-range structural communication
throughout ncRNAs. This finding paves the road to a deeper
understanding of the underappreciated roles of water in the
folding and function of RNA (3, 6). Future progress will likely
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be aided by the application of distributed computing to extend
the MD simulation time scale (6), as well as the parallel use of
experimental techniques such as NMR spectroscopy to detect
cross-relaxation between water and specific RNA nuclei (4) and
Fourier transform infrared (FTIR) spectroscopy to track the
hydrogen bonding and protonation states of intracavity water
clusters (35).

Methods
MD: Initial Structures and Cation Placement. Twelve MD simula-
tions were started from the 2.4-Å resolution precatalytic
hairpin ribozyme structure (Protein Data Bank ID code 1HP6)
(14). Domains C and D were deleted in the conversion to the
minimal, catalytically fully active two-way junction form; helix
1 and helix 4 were truncated to further reduce the computa-
tional cost with minimal effect on structural stability during
the simulation. Addition of hydrogen atoms to the crystal
structure, base modifications, and mutations were performed
via InsightII. A catalysis-blocking methyl group attached to the
2�-oxygen of A-1 in the crystal structure was replaced by
the native 2�-OH in all simulations. The Leap module from the
AMBER suite was used to replace six Ca2� ions found in

the crystal structure with Mg2� ions and to place 41 neutral-
izing Na� ions initially at points of favorable electrostatic
potential close to the RNA to achieve charge neutrality for the
dual-ion simulations (effective concentrations: 30 mM Mg2�

and 200 mM Na�) (38); in the Na�-only simulations, 53 sodium
ions were placed with the LeaP module (effective concentra-
tion: 260 mM Na�). Our modeling of Na�-only conditions is
validated by the fact that the hairpin ribozyme is highly active
in monovalent ions alone (39) (Fig. 6).

MD Equilibration and Simulation. All MD simulations were carried
out by using the AMBER 6.0 program package (40) with the
parm99 Cornell et al. force field (41–43). The initial structures
were solvated in a rectangular periodic box of TIP3P waters
extending �10 Å from the RNA. The Sander module of
AMBER 6.0 was used for the equilibration and production
simulations based on standard protocols (5, 8, 10, 23–25). The
particle mesh Ewald method (44) was applied with a heuristic
pair list update, using a 2.0-Å non-bonded pair list buffer and a
9.0-Å cutoff. A charge grid spacing of close to 1 Å and a cubic
interpolation scheme were used. The production runs were
carried out at 300 K with constant-pressure boundary conditions

Fig. 3. Possible catalytic role of intracavity water. (a) Upon removal of A-1(O2�)’s catalysis-blocking methyl cap (black and white spheres), the 2�-OH of A-1 (red
and white spheres) moves from bulk solvent into the catalytic core, establishing a hydrogen bond with the asterisked water molecule in the intradomain cavity
(same water that is shown with an asterisk in Figs. 2 and 3b). Colored bases are from simulation WT-Mg-1 (averaged from 5.9–6.0 ns; cyan line in c); thinned gray
bases, from the crystal structure (14). The green sphere marks G8(N1), A-1(O2�)’s hydrogen bonding partner in the crystal structure; blue spheres indicate A9(N6)
and A10(N6), A-1(O2�)’s primary partners in the MD simulations. (b) Electrostatic potential map calculated for the complete structure and represented as van
der Waals surface over the catalytic core residues shown in a and color-coded from 	20 to 0 kT�e. The electrostatic potential minimum of 	51 kT�e is near the
asterisked water. (c) Density plots for the WT simulations, as indicated, demonstrating that movement of A-1(O2�) to hydrogen bond with an intracavity water
and A9(N6)�A10(N6) coincides with changes in the A-1 sugar pucker and IAA. The water distance is measured to the closest intracavity water, which occasionally
switches during simulations (compare with Fig. 2a).
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using the Berendsen temperature coupling algorithm (45) with
a time constant of 1.0 ps. SHAKE (46) was applied with a
tolerance of 10	8 to constrain bonds involving hydrogens.

MD Analysis. Production trajectories were analyzed by using the
carnal and ptraj modules of the AMBER 6.0 and AMBER-8
packages; perl scripts were used to identify and track impor-
tant solvent molecules (Supporting Text). The ptraj module of
AMBER 6.0 was used to obtain rmsd values, distances, angles,
and pseudorotation angles of the riboses; that of AMBER 8
was used to obtain cross-correlation matrices; rmsd values
were calculated by nucleotide over the entire simulation and
then time-averaged. Cross-correlation matrices were calcu-

lated by nucleotide over the initial 10 ns of each simulation.
Density figures were made from the ptraj output by using
Mathematica 5.
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